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Recreating the heart’s helical structure-function
relationship with focused rotary jet spinning
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Helical alignments within the heart’s musculature have been speculated to be important in achieving
physiological pumping efficiencies. Testing this possibility is difficult, however, because it is challenging
to reproduce the fine spatial features and complex structures of the heart’s musculature using
current techniques. Here we report focused rotary jet spinning (FRJS), an additive manufacturing
approach that enables rapid fabrication of micro/nanofiber scaffolds with programmable alignments in
three-dimensional geometries. Seeding these scaffolds with cardiomyocytes enabled the biofabrication
of tissue-engineered ventricles, with helically aligned models displaying more uniform deformations,
greater apical shortening, and increased ejection fractions compared with circumferential alignments.
The ability of FRJS to control fiber arrangements in three dimensions offers a streamlined approach to
fabricating tissues and organs, with this work demonstrating how helical architectures contribute to

cardiac performance.

he heart’s musculature is organized in a

helical fashion, with cardiomyocytes in

the left ventricle smoothly transitioning

transmurally from a left- to right-handed

helix (7). This helical alignment results in
a “wringing motion” that was first described in
1669 by Lower (2). Over the past half-century, it
has been argued that this helical arrangement
represents a fundamental structural design crit-
ical to achieving large ejection fractions (EFs)
(1, 3-6). Although in vivo studies have proven
to be a powerful tool, both in defining these
structural features (7-9) and in correlating mis-
alignments with cardiac disease and reduced
ventricle function (5, 9, 10), they are often char-
acterized by concomitant changes in protein
expression and metabolism (17) and are limited
by their ability to control cardiac alignments
(12, 13). This makes it difficult to distinguish
between biomolecular and biomechanical con-
tributions to cardiac dysfunction. However,
understanding how helical structures contrib-
ute to cardiac function is important, as some
cardiomyopathies can exhibit maladaptive tis-
sue remodeling (14, 15), which may result in
more circumferential alignments of the mus-
culature (12, 13, 15).

To study the role of helical muscular align-
ment on cardiac function, it is necessary to
recreate the multiscale architectures of the
heart, with both controlled alignments and
three-dimensional (3D) geometries. In the heart,
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helical alignments are supported by extra-
cellular matrix (ECM) proteins such as collagen
fibrils (8, 16), the diameters of which are on the
order of a single micrometer. Approaches that
use 3D extrusion printing have demonstrated
important milestones toward replicating such
structures, including the production of micro-
physiological devices (17, 18), microvasculature
systems (19), and spontaneously beating heart
models (20, 21). However, reproducing the fine
spatial features required to potentiate muscu-
lar alignment while retaining practical produc-
tion rates is difficult. This is the result of a
fundamental limitation in 3D extrusion print-
ing, whereby throughput declines rapidly with
respect to feature size. Consider a full-size hu-
man heart. Printing the ECM components at
current resolutions (~250 um feature sizes)
takes hours to days (22), but at native feature
sizes (1 um) could take hundreds of years if
current scaling trends are followed (eq. S1).
Because fiber-spinning techniques can repro-
duce these fine spatial features with higher
throughputs, they offer a potential solution
and have been used previously to engineer
tissue scaffolds, such as heart valves (23) and
ventricle models (24). However, unlike 3D
printing, fiber-spinning approaches often fail
to recreate complex 3D geometries while main-
taining controlled alignments.

We developed focused rotary jet spinning
(FRJS), an additive manufacturing method
that uses centrifugal jet spinning to rapidly
form polymeric micro/nanofibers, which are
then focused and spatially patterned by
means of a controlled airstream. This approach
allows for the rapid manufacturing of fiber
constructs with programmable fiber alignments
in three dimensions. Because fibers can be used
to direct tissue formation, it is possible to re-
create complex anatomies that were hitherto

unobtainable via current biofabrication tech-
niques. Basing our study on Sallin’s analytical
model of the heart (3), we used FRJS to man-
ufacture both helically aligned (HA) and cir-
cumferentially aligned (CA) tissue-engineered
models of the left ventricle, showing that the
biomechanics of these single-layer ventricle
models is consistent with theoretical predictions
from the past 50 years (3, 4, 25). Collectively, this
work reveals how a FRJS-based approach to
biofabrication can be used to rapidly create
robust model organs, with increased geomet-
ric complexity.

Fiber manufacture using focused rotary

jet spinning

Methods such as electrospinning (26), melt
blowing (27), pull spinning (28), and tradi-
tional centrifugal spinning (29) can form
micro/nanofibers. When producing single-
micrometer features, these techniques can
offer orders of magnitude greater through-
puts than those achieved by 3D extrusion
printing (30). However, fiber-spinning meth-
ods are often less precise, failing to accurately
recreate complex 3D geometries and align-
ments. This lack of precision is partly be-
cause fiber formation and patterning are
traditionally interrelated during fiber pro-
duction. In FRJS, decoupling the fiber forma-
tion and patterning processes is realized by
creating a focused stream of preformed fibers
(Fig. 1, A to C; fig. S1, and movie S1). Rotary jet
spinning produces fibers by centrifugal force,
pushing polymer solutions through a small ori-
fice in the spinneret. Subsequent jet elongation
results in free-floating single-micrometer fibers
(29). This allows for a formation period that is
independent of fiber patterning, generating a
cloud of fibers that surrounds the spinneret.
Next, in a phenomenon known as entrainment
(31), fibers are pulled into a jet stream blown
from the center of the spinneret. Because air
speeds are orders of magnitude slower outside
of the jet (fig. S2), this entrainment process
minimally perturbs fiber formation (fig. S3).
The jet stream then allows for fibers to become
aligned and confined in a small region, focus-
ing them for patterning.

Focusing the fibers in this manner enables
them to be conformally deposited, meaning
that fibers will adhere well to convex struc-
tures or features with curvature radii that
exceed the focal spot size (fig. S4). To dem-
onstrate this focusing effect in FRJS, poly-
caprolactone fibers were collected at regular
intervals from within the airstream to mea-
sure deposition profiles. This showed that, at
the narrowest point, 95% of fiber deposition
occurred within a spot size of 5.0 + 0.3 cm (20
of Gaussian distribution) (Fig. 1B, ii, and fig. S4).
To demonstrate conformal deposition, fibers
were then spun onto both a rotating collection
mandrel (movie S2) and a 1-cm ventricle model
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Fig. 1. Focused rotary jet A
spinning for producing helical
structures. (A) Schematic dia-
gram of the helical alignment of a
human heart. (B and C) FRJS uses
focused air to separate fiber
manufacture into formation (B, i)
and patterning (C) phases,
allowing for controlled alignments
during deposition. (B, ii) Differen-
tial contrast projection of the fiber
stream (maximal projection;

scale bar, 5 cm). (D) Image of
polycaprolactone spun onto a
mandrel (scale bar, 5 mm), with
corresponding scanning electron
microscopy (SEM) image,

showing aligned fiber formation
(mean fiber diameter, ~900 nm; E P

scale bar, 5 um). (E) Schematic A \

diagram showing that collection =
angle (0) dictates fiber deposition
alignment (i), with OOP indicating
the relative average alignment
(error bars, mean + SD) (ii).

SEM micrographs (iii to v; 0° 60°,
and 90°, respectively) with
corresponding 2D Fourier trans-
forms inset, indicating that

the degree of alignment is based
on collection angle (scale bars,
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5 um). (F) Schematic diagram showing HA fiber manufacture based on angle (i), a, with a representative fiber-coated rod (ii) and reconstructed
micro—computed tomograph of a HA scaffold (iii; scale bar, 200 pum).

(Fig. 1D). In each case, targets were coated in
~5 min, forming standalone structures that
could be removed and manipulated. Addition-
ally, we showed that this approach could be
used with a variety of material compositions,
such as nylon, polyurethane, and gelatin, while
maintaining single-micrometer fiber diame-
ters (fig. S5).

Controlled distribution of fiber alignment

Envisioning that micro/nanofibers could mimic
the structural features of ECM proteins, we
examined how FRJS could be used to control
the anisotropic distribution of fiber align-
ments. We hypothesized that the alignment of
fibers in the air stream could enable controlled
deposition, in which tangential collection (6 =
0°) should minimally perturb airflow, while
head-on deposition (6 = 90°) would enable
divergent patterning. To test this hypothesis,
the collector angle relative to the fiber stream
was modulated during deposition (Fig. 1E),
with the orientation order parameter (OOP)
used as a metric of subsequent fiber organi-
zation (32). The resulting fibers displayed
angle-dependent anisotropy, with tangential,
intermediate, and perpendicular collection lead-
ing to highly anisotropic (6 = 05 OOP = 0.60 +
0.15), intermediate (6 = 60°, OOP = 0.50 + 0.08),
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and randomly aligned (6 = 90°% OOP = 0.18 +
0.03) fiber distributions, respectively.

This ability to control fiber orientation sug-
gested that more complex patterning could be
achieved by moving the target relative to the
stream. To test whether FRJS could recreate
key geometric features of the heart, such as the
helical alignhments and laminar tissue struc-
tures identified in a rodent model (fig. S6, A
and B), fibers were collected on an inclined
rotating cylinder to generate helical align-
ments (Fig. 1F and movie S3) and on an
incrementally rotating disk to generate mul-
tilayered fiber sheets (fig. S6C and movie S4).
We observed that FRJS was able to accurately
reproduce these structures, as confirmed by
x-ray micro-computed tomography (uCT).
This suggested that FRJS could be effectively
employed in hierarchical biofabrication, in
which the focused air stream provides gross
structural morphology (centimeter scale),
whereas fibers provide fine structural (single-
micrometer scale) cues to promote tissue
morphogenesis.

Building helically aligned models of the
left ventricle

We reasoned that the ability of FRJS to control
fiber alignment could be used to test Sallin’s

hypothesis (3) and the advantages of helically
versus circumferentially aligned ventricular
geometries. Basing our experimental approach
Sallin’s analytical model of the heart (3), we
then used FRJS to produce both CA (a = 0°)
and HA (o = 30°) (60° with respect to the ven-
tricle’s long axis) single-layer models of the
left ventricle (Fig. 2A). HA fiber orientations
were selected on the basis of energy minimi-
zation constraints, with angles between 20°
and 45° predicted to be the most energy ef-
ficient for pumping fluids (4). Fiber scaffolds
were designed to have mechanical proper-
ties consistent with those of human heart
tissues (fig. S7 and table S2).

After fiber manufacture, gelatin fiber scaf-
folds were then seeded with either primary
neonatal rat ventricular myocytes (NRVMs)
or human induced pluripotent stem cell-
derived cardiomyocytes (hiPSC-CMs), result-
ing in confluent tissues with depths between
one to three layers of cardiomyocytes (fig. S8).
hiPSC-CMs were differentiated in vitro for
15 days total before seeding, forming visible
spontaneous contractions after 7 days and
staining positive for sarcomeric o-actinin
(fig. S9). To ensure that FRJS fiber spinning
could be used to direct tissue alignment, we
first examined NRVMs seeded onto laminar
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Fig. 2. Tissue scaffolds with
controlled helical alignments.
(A) Bright-field micrograph of a
HA ventricle model (gelatin fibers
seeded with NRVMSs; scale bar,

2 mm). (B) SEM micrograph of
fibers from CA [(i), & = 0°] and HA
[(iii), o = 45°] cylinders, with
corresponding immunofluorescent
staining of cardiomyocytes

(il and iv) [NRVM; blue, DAPI (4',6-
diamidino-2-phenylindole); green,
f-actin; red, sarcomeres], showing
that fibers help direct tissue
alignment (scale bars, 50 um).
Circ., circumferential. (C) Iso-
chrones (top) with corresponding
still frames (bottom), indicating
calcium transience along an
extended ventricle surface,
showing increased transverse
wave propagation for HA
scaffolds. Tissues were point-
stimulated apically [(i), CA; (ii),
HA] (scale bars, 5 mm).

(D) Schematic diagram of a CA
(left) and HA (right) ventricle,
illustrating differences in wall
displacement during contraction.
CA contracts as concentric rings,
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whereas HA follows a wringing motion, resulting in different predicted EFs [k, strain, g, apical shortening, H(x), radial shortening]. (E) Deformation maps generated by
CA (left) and HA (right) ventricle models during contraction (scale bar, 2 mm).

tissue constructs. This resulted in tissues with
a highly anisotropic distribution and cell align-
ment that conformed to the underlying fiber
orientation (Fig. 2B and fig. S10). Next, after
seeding 3D scaffolds with either NRVMs
(movie S5) or hiPSC-CMs (movie S6), spon-
taneous contractions were observed after 3 to
5 days. These data demonstrate that FRJS could
be used to form 3D contractile cardiac models.

Calcium wave propagation

To demonstrate syncytium formation, we exam-
ined the ability of the model ventricles to sustain
uniform calcium wave propagation. In healthy
tissues, action potentials propagate faster in the
direction of cell alignment, with myocytes show-
ing slower conduction velocities (CVs) in the
transverse direction (33). Given this insight,
we reasoned that electrical signal propaga-
tion should vary depending on the ventricle’s
fiber alignment and could be used to confirm
long-range tissue formation and directional
alignment in these model systems. To mea-
sure directional signal conduction in tissue
scaffolds, laminar tissues were electrically stim-
ulated (corner point stimulation), and the re-
sulting calcium propagation was measured
with an optical mapping system (fig. S11). We
observed higher CVs in the direction of fiber
alignment [longitudinal CVs (L.CVs)] with re-
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spect to transverse CVs (TCVs), with LCVs
and TCVs of 14.9 + 5.8 cm/s and 9.0 + 3.7 cm/s,
respectively (n = 9 samples) at ratios of ~1.5 to
2.0. These values were consistent with previ-
ous reports of in vitro tissues composed of im-
mature cardiomyocytes, where factors such as
geometry, calcium handling, and gap junction
expression can influence CV (24, 34, 35). Turn-
ing to 3D models, ventricles with extended
basal regions, allowing for increased travel dis-
tances, were apically stimulated. Isochrones
of the calcium propagation revealed that CA
scaffolds displayed only modest CVs (8.3 cm/s)
along the ventricle’s long axis, whereas HA
ventricles showed increased CVs (19.1 cm/s)
with respect to CA ventricles (Fig. 2C and
movie S7). Together, these findings dem-
onstrated that our tissues maintained their
alignment and confluence over the length of
the ventricle (~1 cm) and further suggested
the importance of cardiomyocyte alignment
in regulating the spatiotemporal control of
excitation-contraction coupling.

Ventricular deformation

It has been hypothesized that HA ventricles
would display increased apical shortening (3, 36)
and reduced basal displacement (9, 36), owing to
differences in myofiber lengths. Because cardio-
myocytes contract along their long axis during

systole, while connecting transversely as a bulk
material (37), they generate forces primarily
along the length of the fibers. This means that
longer fibers should result in greater total dis-
placements. For CA ventricles, which are made
up of concentric rings, fiber length is greatest
at the base, where the radius is largest, and
smallest at the apex (Fig. 2D). This should re-
sult in nonuniform deformations, with greater
displacements in the basal region and negligible
displacements at the apex. For HA ventricles,
however, fiber length should vary minimally, as
fibers extend uniformly from the apex to the
base of the ventricle. Overall, this should result
in more homogenous deformations for HA ven-
tricles, with increased apical shortening.
Examining how CA and HA models deformed
during contraction, we visualized displacement
by submerging these ventricles into a solution
containing nonspecifically adherent fluorescent
beads. Using digital image cross-correlation,
we performed deformation mapping across
the ventricle’s surface during 1-Hz field stim-
ulation (movie S8). As predicted, CA ventri-
cles displayed greater deformations near the
base of the ventricle, whereas HA scaffolds
showed more-uniform deformations (Fig. 2E).
Probing further, we measured changes in the
boundary shape using an elliptical fit, indi-
cating substantial differences in deformation
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Fig. 3. Alignment dictates ven-
tricular ejection fractions.

(A) (i) Bright-field micrograph of
a tissue-engineered ventricle,
with (ii) a magnified view of the
ventricular basal region. RO,
region of interest. (i) Maximum
intensity projection of fluorescent
beads taken over a single con-
traction cycle, showing particle
displacement. (iv) High-magnification
image of the boxed region in

(iii); the arrow indicates the direc-
tion of fluid displacement [scale
bars in (i) to (iii), 2 mm; in (iv),
0.5 mm]. (B) Side view of the
ventricle (scale bar, 10 mm).

(C) (i) Schematic diagram of PIV
measurement, with velocity fields
[(ii) and (iii)] taken from the base
of a HA ventricle scaffold during .
peak systole [(ii), t = 0.3 s] I.
and diastole [(iii), t = 0.7 s].

(D) Representative measure-
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between each alignment. CA samples showed
greater basal and minimal longitudinal con-
striction, whereas HA ventricles displayed sig-
nificant apical shortening with reduced basal
deformation (n > 5 ventricles for each condition)
(fig. S12). Overall, these results were consistent
with the projections of previous analytical
and computational models (3, 25, 36) in that
they showed more-homogeneous deformations
for HA ventricles.

These changes in ventricular contraction
were also suggestive of further functional dif-
ferences between myofiber alignments. For
instance, apical shortening indicated the
potential for a wringing motion or ventricle
twist to occur in HA ventricles. Additionally,
this suggested the possibility for variable EFs
on the basis of fiber alignment, as these dif-
ferences in deformation could result in dis-
tinct volumetric displacements. It has been
predicted that EFs should scale as 1 - k> for
CA ventricles (eq. S5) and 1 — k- ¢ - H(«.) for
HA ventricles (eq. S15) (Fig. 2D) (3), with &
being the strain along the fiber axis, ¢ being
the apical shortening, and H(o) being the
radial shortening based on the fiber’s helical
angle (egs. S5 to S15). ¢ and H (o) are defined
as <1, which suggests that HA ventricles could
produce larger EFs.

Ventricular twist

To determine whether ventricular twist was
preserved in our model system, we measured
rotational displacement at the apex of sus-
pended ventricle scaffolds (fig. S13, A to B).

Chang et al., Science 377, 180-185 (2022) 8 July 2022

In a healthy heart, kinetic energy is stored
during contraction in the sarcomeric protein
titin and is subsequently released during re-
laxation (38), giving rise to rotational displace-
ments, or ventricular twist (7, 38). HA and CA
scaffolds were sutured at the base to a fixed
support, allowing the apex to move freely, and
were monitored from below during field stim-
ulation. Using edge features to detect rotation
(fig. S13, C to E), we observed that CA scaf-
folds showed minimal twist (1.35 + 1.1 n =7
ventricles). Conversely, HA scaffolds displayed
approximately four times as much twist (5.4 +
3.6% n = 7 ventricles) (movie S9), modeling phys-
iological ventricular twist in an in vitro system.

Cardiac output and ejection fractions

To determine whether these structural changes
in alignment and deformation lead to altered
function, we then used cardiac output (CO) and
EF as quantitative metrics of cardiac perform-
ance. To measure these values, we first used
catheterization to monitor pressure-volume
changes in the ventricle scaffolds, observing
the formation of complete oblate loops (fig.
S14). However, submerged gelatin fibers are
a poor dielectric, making it difficult to ob-
tain consistent results in our synthetic scaf-
folds by means of conductance catheterization.
Consequently, particle imaging velocimetry
(PIV) was used to further quantify cardiac
performance.

Model ventricles were suspended in a bath
containing neutrally buoyant fluorescent beads,
and bead displacement was tracked. This al-

lowed for the construction of 2D velocity fields
surrounding the basal opening, as shown for a
HA ventricle model (Fig. 3, A and B). Using PIV,
we then evaluated the instantaneous mass flux
resulting from ventricle contraction (fig. S15 and
movie S10) and observed cyclic outputs, with
fluid being expelled during systole and refill
occurring during diastole (Fig. 3, C and D).
This was performed for ventricles with both
varying fiber alignments and fibroblast com-
positions (fig. S16). Summation of the fluid dis-
placement over systole yields the total CO, with
values of 11.7 + 8.9 ul/s and 24.3 + 13.5 ul/s (n =
8 samples each) for CA and HA ventricle scaf-
folds, respectively (fig. S15G). This observation
represented a significant (P < 0.05) CO increase
based purely on ventricular tissue alignment.
Normalizing the CO by diastolic ventricle vol-
ume and fluid density, we calculated the result-
ing EFs. This yielded average EFs of 1.6 + 1.1%
and 3.3 + 1.7% in the CA and HA case, respec-
tively (n = 8 samples each), with a maximum
EF of 5.9% observed in the helical case (Fig. 3E).
This indicated that helical alignments confer a
relative increase in ventricle output. To compare
our findings with Sallin’s analytical model of
ventricle contraction (3), we then normalized
our results on the basis of relative contractile
strain (egs. S5 to S15). Sallin’s model predicted
an EF increase of 54 to 64% for HA ventricles,
which was consistent with our experimental
observations (within the standard error of the
mean; Fig. 3E). This indicated that our model
system was capable of preserving these fun-
damental scaling laws, signifying that helical
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Fig. 4. Multiscale heart models.

(A) Simplified design of a trilay- A
ered DCV that mimics the native

ECM alignment of the heart,
highlighting the four-step

manufacturing process.

(B) (i) uCT imaging of the DCV
suspended on the collection

mandrel, with corresponding cor-

Dual Chamber Ventricle

onal cross sections (i) (scale s ’
bars, 5 mm). (ii to v) High- - :
magnification uCT images E a
taken from the intraventricular ?E_ 100 D i/FRJS s ]
septum (highlighted in purple), 3 10°] Ecm | e*;‘“s'\O“

showing trilayer alignments (scale ‘§> 10¢ Fe:i;‘e"e - £ P‘\“\"“g

bars, 25 um). RV, right ventricle; _g 10° Tbt i 7ot

LV, left ventricle. (C) DCV in L Feature Size (um) nale

culture seeded with NRVMs, E ) M‘\““"fw}fy

as viewed from the side [(i), ) & y

coronal] and looking into the two P w e

chambers [(ii), transverse]. (D) 3D @ato o }1( s

extrusion printing scales as a
power law with respect to feature
size, showing that the throughput
of FRJS is ~10° times greater
than that of 3D extrusion printing
for single-micrometer features.

Micro Computed Tomography (uCT)

. [Coronal

(E) Left ventricle width for different species. (i to iv) Single-layer ventricles of different sizes, which can be rapidly manufactured owing to increased fiber
production rates, while maintaining a single-micrometer feature scale [scale bars (left to right), 5 mm; 15 mm; 4 cm; and 8 cm). (F) Full-scale four-chambered
human heart model composed of single-micrometer fibers (scale bar, 2 cm).

alignments of the ventricular myocardium re-
sult in increased EFs.

Dual-chambered ventricles and full-scale
heart models

Scaling Sallin’s model to physiological relevant
strains (~15 to 20%) (3), we noted that single-
angle ventricles could achieve EFs of only up
to ~43% (a = 30°) (see supplementary mate-
rials for details). This EF is comparable to
values experienced during borderline heart fail-
ure and underscores the importance of multi-
ple helical alignments in maintaining healthy
cardiac function. To examine whether we could
mimic these architectures using FRJS, we man-
ufactured both a dual-chambered ventricle
(DCV) with multiple helical angles and a full-
scale human heart model (Fig. 4). DCVs were
fabricated using a multistage process, creat-
ing inner and outer helical layers, with an inter-
mediate circumferential sheet reminiscent of
the native myocardium (fig. S17, Fig. 4, A and
B, and movie S11). These competing helical
structures were confirmed with puCT, indicat-
ing three distinct transmural layers along the
septal wall (Fig. 4B and movies S12 and S13).
DCVs were then seeded with either hiPSC-
CMs or NRVMs, forming contractile tissue con-
structs (Fig. 4C, fig. S18A, and movies S14: to
S15). Examining excised segments of the left
ventricle, cultured with hiPSC-CMs, we ob-
served that cells adhered to the fibers, forming

Chang et al., Science 377, 180-185 (2022) 8 July 2022

aligned tissues (fig. S18B). Additionally, cal-
cium imaging revealed sustained wave propa-
gation across the ventricle surface, primarily
in the direction of fiber alignment, indicating
the formation of a continuous cardiac syncytium
(n =3 samples for each condition) (fig. S18, C
and D). Overall, these observations indicated
that fiber scaffolds can also support human stem
cell-derived tissues in complex geometries.

We then spun fibers onto ventricle-shaped
targets of varying size, ranging from ~1 to 20 cm
in diameter (fig. S19 and movie S16). In each
case, targets were coated in <35 min with
micro/nanofibers, generating conformal coat-
ings on the exterior. Throughout this process,
fibers were produced with a total through-
put rate of 0.1 g/min, or 0.03 ghm (grams per
hole per minute). This throughput is compa-
rable to those of melt-blowing processes (27)
but is orders of magnitude greater (~10°) than
that of 3D extrusion printing, the speed of
which declines rapidly at single-micrometer
features (as a power law, with a scaling factor
of ~2.8) (Fig. 4, D and E, and eq. S1). Collectively,
these observations demonstrated that FRJS
is amenable to rapidly manufacturing fiber
scaffolds spanning multiple length scales and
can be adapted to different geometries.

To demonstrate the ability of FRJS to enable
hierarchical biofabrication, a full-size model of
the human heart musculature was constructed.
This model was assembled by individually pat-

terning micro/nanofibers onto dissolvable
collectors in the shape of each of the heart’s
four chambers (fig. S20). Individual chambers
were then connected by chemical annealing
before the interior supports were dissolved,
resulting in standalone fiber scaffolds (Fig.
4F). Although full-size anatomical models
have previously been produced with thermo-
plastics and hydrogels (22), these systems
typically lack the micrometer-scale features
needed to direct myocyte alignment. With our
fiber-based approach, these local structures
can be preserved across entire tissue volumes,
allowing for the hierarchical assembly of tis-
sues. These proof-of-concept 3D organ mod-
els demonstrate that FRJS scaffolds support
human-derived tissues and allow for rapid
assembly of full-size models of the muscu-
lature. These key features mark fiber-based
manufacturing as a promising approach for
achieving whole-organ biofabrication, which
can be used as an alternative to or in conjunc-
tion with emerging biomanufacturing plat-
forms such as 3D extrusion printing.

Discussion

Biofabrication using FRJS allowed for the rapid
assembly of functional 3D ventricle models
capable of recapitulating emergent pheno-
mena in vitro, including ventricular twist,
strain displacement, and myocardial angle-
dependent EFs. Although the metrics presented
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here (e.g., EF) were greater (by a factor of ~3)
than for recently reported in vitro ventricle
models (24, 39), they were still substantially
lower than in vivo values (tables S2 and S3).
This difference may be the result of limited
cardiomyocyte penetration into the fiber scaf-
folds (figs. S7 and S8). Consequently, further
work is needed to achieve full-scale de novo
organ fabrication; this includes improved car-
diac maturation, vascularization, and incorpo-
rating consistent back-pressures (Frank-Starling
mechanism). There is also a need to generate
the large numbers of cardiomyocytes and other
diverse cell populations (e.g., neurons, endo-
thelial cells, fibroblasts) required to support
organ biofabrication. However, the work pres-
ented here provides an initial pathway toward
achieving hierarchical patterning while main-
taining 3D cell alignment.

In addition to biofabrication, FRJS may serve
an important role in other additive manufac-
turing applications, as it provides production
rates comparable to those of current industrial
processes while enabling micro/nanoscale
feature sizes and controlled 3D alignments.
This includes applications in which a ma-
terial’s properties are determined by its
microstructure and alignment. The high
surface area-to-volume ratio of micro- and
nanofibers makes them ideal candidates
for the controlled absorbance and release
of chemical species. This suggests that FRJS
may be an important technique for indus-
trial manufacturing process that use hierar-
chical design principles, for which control over
several orders of spatial magnitude is needed.
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